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Fast, high resolution and wide elastic modulus range mapping of heterogeneous interfaces represents a major
goal of atomic force microscopy (AFM). This goal becomes more challenging when the nanomechanical
mapping involves biomolecules in their native environment. Over the years, several AFM-based methods
have been developed to address that goal. However, none of those methods combine sub-nanometer spatial
resolution, quantitative accuracy, fast data acquisition speed, wide elastic modulus range and operation in
physiological solutions. Here we present detailed protocols to generate high resolution maps of the elastic
properties of biomolecules and polymers by using bimodal AFM. The method is fast because the elastic
modulus, deformation and topography images are obtained simultaneously. The method is efficient because
just a single data point per pixel is needed to generate the above images. In addition, by knowing the
deformation, bimodal AFM enables to reconstruct the true topography of the surface.
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INTRODUCTION

Fast, non-invasive, high resolution and label free characterization methods are needed to understand the
whole range of biomolecular interactions and/or to develop hybrid materials with tailored properties at the
nanoscale. The atomic force microscope (AFM)? has significantly contributed to our current understanding
of biomolecular interactions and soft-matter interfaces®®. In fact, to generate high resolution nanomechanical
maps of heterogeneous surfaces represents one of the major goals of force microscopy. Two factors make the
nanoscale characterization of biomolecules in physiological solutions very challenging. Biomolecules are
soft materials. The force exerted by the probe on a biomolecule causes the vertical and lateral deformation,
that in turn, worsens the spatial resolution. On the other hand, hydrodynamic effects and the presence of a
variety of electrolytes and/or solvent molecules in the liquid disturb the interactions between the probe and
the sample.

Ideally, a method to provide nanomechanical maps of biomolecules and polymers should have the following
features. (1) Quantitative accuracy. (2) Sub-nanometer spatial resolution. (3) Characterization independent of
the probe properties. (4) Compatible with high speed data acquisition. (5) Absence of cross-talk between
topography and material properties.

The development of multifrequency AFM has provided new approaches to map material properties at the
nanoscale5'®. Here we describe how a bimodal atomic force microscope enables the simultaneous mapping
of the Young’s modulus, the deformation and the true topography of biomolecules and polymers in their
native environment®®. The Young’s modulus is determined with a relative error below 5% over a five order
of magnitude range (1 MPa-100 GPa). Numerical simulations and calibration tests validate the accuracy of
the method. This method requires a single data point per pixel to generate simultaneously the true
topography and the elastic map of a biomolecule in liquid. The above feature speeds up data acquisition

while minimizing the amount of data used in the measurements.

The procedure explains how a bimodal AFM generates true topographic and elastic modulus maps of
biomolecules and polymers over a modulus range from 1 MPa to 100 GPa. In the first stage (Steps 1-5), we
describe the preparation of samples, a block copolymer, a membrane protein and a single protein that
illustrate the performance of bimodal AFM. In the second stage (Steps 6-10), we describe the procedure to
calibrate the spring constants of the microcantilever. In the third stage (Steps 11-17), the microscope
parameters are selected and the imaging process is accomplished. Finally, we present the elastic, deformation

and true topography maps of the three samples (Steps 18-21).



Current methods to map mechanical properties at the nanoscale

Force microscopy has generated a variety of methods to measure mechanical properties with high spatial
resolution. Those approaches could be broadly classified in two categories: force-distance curve and
parametric methods. Force-distance curve methods are based on the measurement of the dependence of the
force with respect to the tip-sample distance on each point of the surface!’-8, From a force-distance curve the
Young’s modulus is obtained by fitting the repulsive section of the force-distance curve with a model of the
interaction force (contact mechanics). The acquisition and representation of arrays of force-distance curves,
one per pixel of the surface, is usually known as force volume images'’. Torsional harmonics!®!! or peak

force tapping could be also included in this category.

Force-distance curves are obtained in quasi-static or dynamic excitation of the cantilever. In the quasi-static
case, the tip-surface distance is modulated at a frequency much smaller than the fundamental cantilever
resonance. Force-distance curves obtained in the quasi-static regime are widely used to measure the elastic
modulus of soft and hard interfaces at the nanoscale'’-%. In fact, it is the most common nanomechanical
characterization method. However, this approach has several drawbacks. Force-distance curve AFM imaging
is intrinsically slow. The modulation frequency cannot be increased arbitrarily because of the inertial and
hydrodynamic effects associated with the cantilever dynamics?. The sensitivity of a force-distance curve
depends on the cantilever spring constant. The cantilever must be selected according to the expected elastic
response of the material. It would be hard to apply this approach to map the local elasticity of heterogeneous
surfaces made of regions with significantly different elastic properties. In addition, the acquisition of a force-
distance curve requires to collect a large number of data points per pixel to retrieve the material properties

with reasonable accuracy.

Force-distance curves could also be obtained when the cantilever is excited near a resonant frequency2¢, Of
the resonance methods, the approach based on analysing the time-resolved response of the cantilever has
attracted more attention!%123, This approach requires the measurements of the higher harmonics components
of the cantilever deflection. The generation of higher harmonics usually demands the application of forces in
the tens or hundreds of nN. Those forces could either damage the sample or blunt the tip. The use of T-
shaped cantilevers®® enables the detection of higher harmonics components at lower forces. Torsional
harmonics has been applied to measure the mechanical properties of some synthetic and biological

membranes at sub-nN forces?’-2¢. However, T-shaped cantilevers are hard to manufacture and calibrate.

Parametric nanomechanical methods are associated with the excitation and/or detection of the cantilever at a
resonant frequency or higher frequencies. In a parametric method, the observables of the microscope are
directly connected (parameterized) to certain mechanical properties. These approaches require the use of a
theoretical framework. Bimodal®-3! and contact resonance methods®2** provide examples of parametric

nanomechanical measurements.



In bimodal AFM, the observables associated with the excited modes are very sensitive to changes in the tip-
sample distance. The observables of the 1%t and the 2" modes explore different spatial ranges of the
interaction force®36, From a mathematical perspective, bimodal AFM enables to describe the dynamics of
the AFM by matching the number of unknowns and equations. Those features have opened a variety of
applications that range from the atomic resolution imaging of surfaces in liquid®-*® and ultra high vacuum®®-
#1to imaging of buried nanostructures*4, to separate mechanical and electromagnetic interactions**#’, to
mapping the surface force vector field* or to transduce an optical signal into a mechanical force*®°. More
specifically, bimodal AFM has increased the nanoscale characterization capabilities of the AFM to detect
compositional variations on soft matter such as polymers®-5!, proteins®>5, lipid layers®®, DNA5"58, virus® or
cells®®€1, The method has also stimulated the design of very sensitive cantilevers®2¢® and a rich theoretical

activity®”3,
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Figure 1. Bimodal AM-FM. (a) Scheme of the cantilever deflection in bimodal AFM. The
deflection signal has two components. The low frequency component is tuned at the 1% resonant
frequency of the cantilever while the high frequency component is tuned at the 2" resonant
frequency. (b) Simplified scheme of the feedback loops in bimodal AM-FM. The topography
feedback operates on the amplitude of the 1% mode. The phase shift of the 2" mode is kept at 90°
with respect to the driving force while A; is kept at a fixed value (Asp2). The last step is achieved by
varying the driving force of the 2" mode. (c) Simplified scheme of the transformation of bimodal
data into nanomechanical properties.



Overview of bimodal AFM

Bimodal AFM uses two driving forces to oscillate the cantilever (Fig. 1a). The excitation frequencies of the
driving forces are tuned to match two of the eigenmodes of the cantilever, usually the 1%t and the 2™ flexural
modes. In the presence of a sample, the tip response is decomposed in terms of the components oscillating at
the frequencies of the two excited modes. The variety of observables (amplitude, phase shift and resonant
frequency shift), feedbacks loops acting on the modes (amplitude or frequency) and the type of cantilever
modes involved (flexural or torsional) has produced several bimodal AFM configurations’"’. This variety
makes bimodal AFM very flexible and, at the same time, complex. Numerical simulations® laid the
foundations for the experimental implementation of bimodal AFM. Simulations and theory!631:35:36.67.69.78 gre
applied to define its accuracy to measure nanomechanical properties. A guide to the different bimodal AFM

configurations is given in ref. 77.

In bimodal AFM, the driving force applied to the microcantilever is

F4 = Fycos(2m fit) + F, cos(2rf, t) (1)
where F, and f, are, respectively, the driving force and frequency of the n-th mode.

In the bimodal configuration described in this protocol, the amplitude of the 1 mode is used as a feedback
signal for controlling the tip-sample distance (AM). This feedback control generates an apparent image of
the topography of the sample. A second feedback acts on the signal of the 2" mode by tracking the shift in
its resonant frequency (FM). At the same time, the driving force of the 2" mode is controlled to keep the
oscillation amplitude of the 2" mode at a fixed value. This bimodal configuration combines the robustness
and simplicity of AM operation with the sensitivity and signal-to-noise ratio of FM operation. To our best
knowledge, this is the more robust and sensitive of the current bimodal AFM configurations for quantitative
mapping. In addition, the use of an AM feedback to track the topography makes it compatible with high-
speed imaging’. This bimodal configuration is technically called bimodal AM-FM, however, for the purpose
of this protocol, we will call it bimodal AFM.

From observables to material properties

In bimodal AM-FM, the oscillation of the 1% mode is controlled with an amplitude modulation feedback
while the oscillation of the 2™ mode is controlled with a frequency modulation feedback (Figure 1b). The
transformation of experimental observables into elastic properties is divided in two major steps. First, the
theory that provides the relationship among the experimental observables and the maximum tip-surface force
(peak force). The second step involves expressing the peak force in terms of the indentation and the effective

Young’s modulus by using a contact mechanics model (Figure 1c).

The tip deflection in bimodal AM-FM can be approximated by



z(t) = zo + X Ay cos(w,t — ¢p) = zg + A7 cos(wyt — 1) + Aycos(wyt — g) (2)

where zo, An, wn=2xfn and ¢n are, respectively, the mean deflection, the amplitude, the angular frequency and
the phase shift of the n-th mode. The tip-surface force includes a repulsive force as described by Sneddon

contact mechanics®®

Fsneadon = aEeff6ﬁ (3)
Eeff is expressed in terms of sample Young’s modulus and Poisson coefficient vs by

Es
Eeff ~ (1-v3) (4)

In Eq. 4 we have considered that the tip’s Young’s modulus is much larger than the one of the polymers and
biomolecules. 6 is the sample deformation; a is a coefficient that depends on the tip’s geometry and size and
B is a coefficient that depends on the tip’s geometry. For a paraboloid tip in contact with a half space elastic

material, the values of the above coefficients are a=4/3R¥? and B=3/2.

For common axisymmetric AFM probes (paraboloid, cone and cylinder), the effective Young’s modulus and
the sample deformation are related to the bimodal AFM observables by the following expressions. For a
paraboloid (radius R)
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To determine the deformation, we have used the following



6y = Qili—:f%(/l%l — ADY? (11)
where ki and Q; are the spring constant and quality factor of the mode i; Ao and A; are, respectively, the free
amplitude and the set-point amplitude of the 1* mode; fo. and Af; are the free resonant frequency and
frequency shift of 2" mode. We remark that a single observable Af,(X,y) carries the information about the
local changes of the Young’s modulus and the deformation. The other parameters that appear in the above
equations (ki, k2, Q1, Ao1, A1, R and fop) are set at the beginning of the experiment. The accuracy of the
nanomechanical measurements is highly dependent on the calibration of the above parameters (Fig.
2, Steps 6-10).
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Figure 2. Calibration of the spring constants and quality factors by using the thermal noise spectra.
Power spectral density of a microcantilever (BL-AC40TS) excited by the thermal noise in liquid. The
first four resonances are observed. The insets show the fitting of the PSD of the first two modes to the

expression of a single harmonic oscillator.

True and apparent topography

Currently, the AFM signal that is converted into a topography image assumes that the sample has not been
deformed during the imaging process. This is a valid approximation for imaging rigid materials (say those
with a Young’s modulus above 10 GPa) under the application of peak forces below 5 nN. On soft matter
interfaces, the force applied by the tip produces significant deformations. Those deformations needed to
obtain the true topography of the surface. In general, the raw image generated from the AFM feedback

controls can only be considered as an apparent topographic image.



The effect of the force on the deformation of the sample has been reported on polymers®-22and
biomolecules®84, However, to our best knowledge, very few attempts have been implemented to reconstruct
the true topography of a soft matter sample from the AFM data®*82, In standard AFM configurations (single
mode excitation and detection), it is very hard to separate the apparent topography and the deformation
signals. Bimodal AFM solves this issue in a straightforward manner by introducing an additional equation to
relate the observables to the deformation. A true topography image is generated once the local deformation

of the surface is known.

Spatial, material property and time resolutions

Bimodal AFM operation does not introduce any restriction on the spatial and/or temporal resolutions of force
microscopy. Several examples have illustrated the advantages of bimodal AFM to enhance the material
contrast on heterogeneous surfaces®. Atomic resolution images have been reported for different types of

materials and environments (liquid, air and vacuum)37-3840-41,

The accuracy of bimodal AFM on the determination of the elastic modulus on a given material will depend
on the suitability of the Sneddon contact mechanics to describe the deformation of the material. Numerical
simulations'® show that for Sneddon contact mechanics materials, the relative error of bimodal AM-FM to
determine the elastic modulus is below 5%.



MATERIALS
REAGENTS

e  Analytical-grade buffers (4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid, HEPES, Sigma-
Aldrich; tris(hydroxymethyl)aminomethane, Tris;
Sigma-Aldrich)

e Analytical-grade electrolytes (MgCl,, Sigma-
Aldrich; KCI, Sigma-Aldrich; HCI, Sigma-
Aldrich)

e Ethanol, Sigma-Aldrich

e PGMEA, Sigma-Aldrich

e Human 20S proteasome, Enzo Life Sciences

o Native Purple membrane from Halobacterium
salivarum

e  Poly(styrene-block-methyl methacrylate), PS-b-
PMMA (Mps= 18.1 kg mol* and Mpmma= 24.2 kg
mol?, PDI=1.1)

o  Poly(styrene-random-methyl methacrylate), PS-r-
PMMA (Mg= 7.9 kg mol, PDI= 1.1, with a
styrene fraction of 58%)

o Siwafer
e  Acetone, Sigma-Aldrich
EQUIPMENT

e Mica (natural Muscovite mica, Alpha Biotech)

e Mica punch set, Precision Brand

e  Steel disc

o Teflon foil

e Teflon-compatible chemically inert two-
component epoxy glue (Araldite)

¢  Air-gun with filter and tubing to connect to the
nitrogen outlet

e Oxygen Plasma

e  Spin Coater

e Oven

o  pH meter, HANNA Instruments

e Oscilloscope, Tektronix

e  Mechanical vibration analyzer (HWL Scientific
Instruments) A CRITICAL Vibrational and
acoustic isolation is crucial in high resolution
experiments.

e Type of cantilever depends on the chosen sample
(for polymers, e.g. PPP-FM or PPP-NCHAuUD,
Nanosensors, for biological samples, RC800PSA
or BL-AC40TS, Olympus). A CRITICAL The
choice of the cantilever will influence the final
result, in terms of topographical and
nanomechanical resolution.

e  Cypher microscope (Oxford Instrument, Asylum
Research). Asylum Research offers an already
developed Atomic Force Microscopy system for
bimodal AM-FM. A CRITICAL Temperature
control systems have to be preferred in order to
avoid thermal drift during the measurement.

REAGENT SETUP

Buffer solutions: A CRITICAL It is important to
make and stock all the solutions in clean materials
otherwise they could result contaminated.

Adsorption buffer for Purple Membrane is 10 mM
Tris-HCI, 150 mM KClI, 25 mM MgCl, (pH 7.2). It can
be stored at 4 °C for a few months.

Imaging buffer for Purple Membrane is 10 mM
Tris- HCI, 150 mM KCI (pH 7.2). It can be stored at 4
°C for a few months.

Adsorption buffer for 20S proteasome is 50mM
Hepes-KOH, 100mM KCI, 5mM MgCl; (pH 7.5). It
can be stored at 4 °C for a few months.

Imaging buffer for 20S proteasome is 25mM Hepes-
KOH, 100mM KCI (pH 7.5). It can be stored at 4 °C
for a few months.

EQUIPMENT SETUP

Atomic force microscope with dual excitation
scheme The AFM system has to provide the possibility
to excite and detect the cantilever in two of its
eigenmodes (usually the 1%t and 2™ ). The hardware
provided by Asylum Research already includes the
dual excitation system. The software included in the
setup can be used to analyze the data obtained in the
measurements.
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PROCEDURE

Preparation of Block copolymer samples ~3h

1] Dissolve the PS-r-PMMA and PS-b-PMMA in PGMEA to a 1.5 wt%.

2| Spin Coat (5000 rpm for 30 s) the PS-r-PMMA on the Si wafer surface, previously
treated by Oxygen plasma and leave it annealing for 10 min at ~200°C. Rinse the sample with
PGMEA to remove the first polymer layers.

3| Spin coat the PS-b-PMMA solution (2500 rpm for 30 s) and let the annealing for 10
min at ~200°C.

A CRITICAL STEP The procedure has to be done in a clean room to ensure the quality of the
final result. This procedure could be used to prepare different possible geometries (lamellar,
cylindrical, etc.) depending on the characteristics of the random and block copolymers. In this
paper we show block copolymer thin films with a lamellar geometry®5-% and a 23.4 nm pitch
(Fig. 4a).

Preparation of Mica disks ~25min

4 Punch the mica sheet using the puncher set to produce mica disks with a diameter of 3.2
mm for single proteins measurements and 15 mm for the membrane proteins. A CRITICAL
STEP The use of a small mica disks for imaging single proteins is crucial to ensure the even
distribution of the proteins over the surface. The mica is glued with epoxy to the Teflon foil.

Buffer Preparation and adsorption of proteins ~2-3h
5| Prepare all the solutions using Milli-Q water, analytical grade buffers and electrolytes.
Cleave the mica disc using Scotch tape in order to obtain a uniform layer. A CRITICAL
STEP To avoid contaminations in the sample, cleave the mica just before adding the buffer and
proteins.
a) 2D membrane proteins (Purple Membrane) preparation
i) Dilute the purple membrane with the deposition buffer to reach a concentration of
40 ug ml. Then, deposit 15 ul of solution on a circular piece of freshly cleaved
mica for 15 min. Finally, rinse it gently with the imaging buffer.
b) Single Protein (20S proteasome) preparation
i) Add adsorption buffer in order to obtain ~100 nM concentration of proteins.
Deposit 8 ul of the solution covering the mica sheet. The proteasome sample must
rest for 20 minutes for adsorption of the mica surface. Rinse gently with the
measurement buffer. A CRITICAL STEP Due to the weak binding between the

11



mica and the proteins, the concentration on top of the mica must be adjusted to
reach a stable coverage of proteins.
? TROUBLESHOOTING

Select the proper AFM cantilever ~10-15 min

6| The imaging of the block copolymer was performed with a relatively stiff cantilever like
the PPP-FM (ki ~5 N m), or PPP-NCH (ki ~ 40 N m'). For softer samples like those of purple
membrane or single proteins, we have chosen softer cantielver with a sharp tip’s radius (BL-
AC40TS). The spring contants of this cantilever (ks ~ 0.08 N m™?) facilitates the imaging of
biological samples at low forces (below 500 pN). A CRITICAL STEP Choosing the right

cantilever facilitates the achievement of high resolution topography and elastic modulus images.

Setup of the Microscope ~ 30-40 min
7| A CRITICAL STEP If you are using an Asylum Research microscope, follow this

instruction from Step 7. If not go to Step 8. Put the sample on the microscope stage and the tip
in position to start the measurement. Select the bimodal AM-FM interface in the software.
Before starting the measurement, take a thermal spectrum of the cantilever in order to measure
the resonant frequencies of the 1% and 2" modes.

? TROUBLESHOOTING

8| Depending on the environment (liquid or air) use the proper method for driving the
oscillation of the cantilever®” (Fig. 3):

a) In air: use the acoustic excitation (piezo drive) to excite the cantilever.

b) In water: fill the space between the sample and the tip holder with the measurement
buffer. If available, use photothermal excitation to avoid unwanted mechanical
resonances from the fluid cell. Optimize the position of the excitation laser spot at the
back end of the cantilever (Fig. 3a). The laser spot position is the same for the two

modes.

12
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Figure 3. Cantilever excitation in bimodal AM-FM. (a) Optical microscope images of BL-
AC40TS and (b) PPP-FM cantilevers. The BL-AC40TS is driven by photothermal excitation
(purple spot in @) in a buffer solution. The PPP-FM is excited acoustically (piezo actuator) in air.
(c, d) Measured deflection voltage (photodiode) of the cantilevers operated in bimodal AM-FM.
The signal is recorded by an oscilloscope.

Cantilever calibration ~10-15 min
9| The calibration of the spring constant and optical sensitivity of the 1%t and 2" mode is

necessary in order to obtain maps of the elastic interaction. The optical lever sensitivity (nm V1)
of the 1* mode is obtained by acquiring a deflection-distance curve on a stiff surface (Muscovite
mica). Once optical lever sensitivity is known, the PSD (Fig. 2) of the thermal motion of the

cantilever is fitted to the simple harmonic oscillator (SHO)

2 _ 42 Awg
|Athermal ((‘))l - Awhite + (wz—w§)2+w2w§/Q2 (12)

Where A is the amplitude, wo is the angular resonant frequency, o the angular driving
frequency, Q the quality factor and Awniee the white noise. Then, the spring constant ki =
ZkBT/ (TCAfoQ) .

13



A CRITICAL STEP To avoid damaging the tip, we recommend to perform the calibration of
the spring constant at the end of the experiment, i.e. Step 17, as a requirement for high
resolution images.

10| The spring constant of the 2" mode, k, was calibrated by assuming the stiffness-

frequency power law relationship given by%®

ky =k, (%)z (13)

where ¢, is an experimental calibration parameter, determined by the geometry of the

cantilever.

A CRITICAL STEP In ref. 89, the calibration of the 2" mode is obtained with the parameter
& calibrated for a specific model of cantilever. For the PPP-NCH the value is = 2.13 while for
the PPP-FM is ;= 2.13. The value used for the BL-AC40TS is (> = 2.0. The latter coefficient is

the default theoretical value used for rectangular cantilevers.

? TROUBLESHOOTING

AFM measurement in tapping mode ~15-30 min
11| Far from the sample, tune the 1% and the 2" mode and set the phase shifts to 90° for
both modes.

12| Set the free and setpoint amplitudes of the 1% mode and initialize the tip approach.
Once the tip engaged to the surface, check the value of the phase shift: a requirement for the
nanomechanical mapping is to keep the phase of the 1% mode always below 90°, resulting in a
repulsive contact between the tip and the sample.

ICAUTION Avoid tip damage during the approach.

13| Record a 5 x 5 um image to check the state of the sample. Use a small scanning
frequency in the fast axis (1-2 Hz) to avoid crashing the tip. For biological samples, choose an
area covered by proteins and zoom for the bimodal measurement.

ICAUTION Keep the amplitude setpoint as close as possible to the free amplitude value to
reduce the force applied. Sample and/or tip deformation could be significant by using setpoint

value far from the free amplitude.

14



High resolution bimodal mapping more than 2 hours

14| For polymers, the measurements were done in air with a free amplitude of ~90 nm. To
ensure that the imaging is performed in the repulsive regime, use a setpoint of below than 75%
of the free amplitude. A CRITICAL STEP If you don’t achieve a stable repulsive regime,

increase the free amplitude until you do not observe any more attractive interaction.

15| For biological samples in aqueous solution, start the measurement with Ay; ~5 nm and
A1 = 0.9-Ao; to ensure low forces?. The details of the topography should be resolved with high
resolution. Modify the values of A¢; and A; until a good image of the proteins is obtained.
Typical parameters of measurement are a scan size of 400 nm, a scan rate of ~5 Hz (fast axis)
and a number of points per line of 512. A CRITICAL STEP Adjusting the feedback gains of

the 1*mode is crucial in order to achieve high resolution. Low values are recommended.

16| The determination of the Young’s modulus map requires to record the local changes of
the frequency shift of the 2" mode. Set A, ~0.5 nm and adjust the FM feedback. The gain
parameters of the frequency feedback, which keeps ¢,=90° by changing the driving frequency,
should be increased until the frequency channel resolves some relevant features of the sample,
without the presence of oscillations or random noise. Then, an auxiliary feedback keeps A
constant by adjusting the driving force on the 2" mode. This auxiliary feedback is called
dissipation in the AFM community. During the recording of the topography and frequency shift,
A1 must be readjusted to obtain high resolution maps (Fig. 4).

A CRITICAL STEP The parameters used in amplitude modulation to achieve high resolution
topographical images must be adjusted when activating the 2" mode for the bimodal AM-FM
measurement as A, will affect the peak force and thus the quality of the image.

ICAUTION Increasing the amplitude of the 2" mode will improve the quality of the elastic

modulus map. However, Az should be less than 10% of A;°3L.
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Figure 4. Bimodal AFM images of a block copolymer. (a) Scheme of the lamellar PS-b-PMMA
block copolymer. (b) Apparent topography (feedback on the amplitude of the 1 mode). (c) 2™
mode frequency shift map. PPP-FM cantilever characterized by fi =82 kHz, k;=3 N m*, Q. = 220,
f,=518 kHz and kz= 152 N m'!, R = 2 nm; Other parameters Ao = 95 nm, A;=70 nmand A;=1
nm. Images obtained in air.



17| If the image does not show any improvement by increasing the zoom or the number of
points, the resolution limit is reached. This limit is defined by the sample conditions, tip and
imaging parameters (scan rate, amplitude and gains of the 1% and the 2" mode). A CRITICAL
STEP The tip’s geometry and chemical properties greatly influence the spatial resolution. The
tip radius should be smaller than the features of the sample to be imaged. Changes of the tip
require to repeat the experiments until high resolution data are achieved. Bimodal AFM
demands an optimization of the parameters in order to get high resolution and contrast images
from both modes at the same time.

? TROUBLESHOOTING

Nanomechanical reconstruction and data analysis ~20 min

18| The bimodal AM-FM data must be processed in order to obtain the Young’s modulus
and the deformation maps of the sample. The processing also enables to determine the peak
force applied during the measurement. Here, the experimental data have been processed by
assuming a paraboloid tip. The Young’s modulus and the deformation have been calculated by
using, respectively, Equations 5 and 6. In all cases we have assumed a Poisson coefficient
vs=0.3.
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Figure 5. Elastic modulus and deformation maps. (a) Deformation map in a block copolymer
(PS-b-PMMA) thin film. (b) Map of the Young’s modulus of PS-b-PMMA. (c) Cross-section
along the dashed lines. (d) Histogram of the Young’s modulus obtained from b. Maps were
obtained by applying a peak force of 8.5 nN (PS) and 8.9 nN (PMMA).
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19| According to Equations (5,6,11) changes in Af, (Fig. 4c) can only be related to a
difference in the Young’s modulus of the sample. A CRITICAL STEP To calculate the
Young’s modulus the offset values fo, and Aoz have to be measured during the imaging. Those
values are determined by measuring the dependencies of A; and f; versus z-piezo displacement.
From the frequency z-piezo displacement curve we obtain the minimum frequency f»
(minimum). This value is considered the free resonant frequency foo. Then, the frequency shift is
calculated as Af; =f>- foo. The z-piezo displacement corresponding to f2(minimum) is used to find
the value Ay, that is considered as Ao:.

20| The true topography of the surface is obtained (Fig. 6b) by adding the deformation and
apparent topography images.
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Figure 6. Apparent to and true topographic maps. (a) Apparent topography. (b) True
topography reconstructed from the apparent topography and the deformation maps. (¢) Cross
sections across the dashed lines. In the apparent topography image, the surface is about 1.5
nm below is unperturbed baseline.
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The high resolution data obtained are processed in the following way:

Purple membrane images (Fig. 7) are corrected with a cross-correlation averaging. First,
one bacteriorhodopsin (BR) trimer is selected and cross-correlated with the topography
image. From the cross-correlation each individual BR trimer is located. Second, the
coordinates of each BR trimer are merged with the elastic modulus, deformation and

dissipation channels. Finally, each unit cell is superimposed, averaged and three-fold

symmetrized to obtain the corresponding insets.

Figure 7. Bimodal AFM maps of a
purple membrane in buffer. (a) Scheme
of the protein BR organization within
the purple membrane. (b) Topography
of several PM patches showing the
extracellular and the cytoplasmic sides
of the membrane. (c) High resolution
image of an EC region of the
membrane. The hexagonal arrangement
of the BR trimers is resolved. (d)
Young’s modulus map of the region
shown in b. The image (raw data)
shows the existence of parallel stripes
with a spacing of 6.2 nm. (e)
Deformation map of the region shown
in b. Bimodal AFM images obtained by
applying a peak force of 200 pN. Data
adapted from ref. 16.

b) For the 20S proteasome picture, the image of a single protein is selected. The

symmetrical structure of the protein is used to perform the cross correlation. An average
is done by adding the original image, the original image flipped with respect to the
vertical axis, the original image flipped with respect to horizontal axis and, the original
image flipped with respect to the vertical and horizontal axes. Then, trace and the
retrace are averaged, and a Gaussian filter is applied. The resulting images of the

topography and Young’s Modulus of the proteasome are shown in Figures 8.
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Figure 8. Bimodal AFM maps of a 20S proteasome in liquid. (a) Scheme of the 20S proteasome
(Protein Data Bank 5L4G). (b) True topography, reconstructed from the apparent topography and
deformation maps. (c) Cross-sections along the marked lines in the true and the apparent (not shown)
topography images. (d) Young’s modulus map. (e) The structural section (a subunits) gives a value 100
MPa while the catalytic region (p subunits) gives an average value of 89 MPa. Bimodal AFM images
were obtained by applying a peak force of 430 pN. The BL-AC40TS is characterized by f1=29 kHz, k;
=0.084 N m?, Q:=1.9, f,=243 kHz and k.= 3.3 N m, R = 2 nm; the measurement conditions were
Ao1=5.0nm, A;=3.8 nmand A2= 0.5 nm.

? Troubleshooting

Buffer Preparation and adsorption of proteins (Step 5)
To get high resolution bimodal AFM images the protein absorption should be optimized*. The
formation of protein multilayers or aggregates should be avoided. At low coverages, the

proteins could be displaced laterally by the tip.

Set up of the microscope (Step 7)
Position of the laser The thermal noise spectrum depends on the position of the laser along the
main axis of the cantilever®’. If the amplitude (PSD) of one of the normal modes is small, it can

be increased by optimizing the laser spot position on the cantilever (especially for the 2" mode).
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Cantilever calibration (Step 11)
Sampling time of thermal noise The calibration is a crucial step to determine the
nanomechanical properties; long sampling times are recommended to acquire good PSD

spectra.

High resolution bimodal mapping (Step 14 to 17)
The topography is unstable and there is bad tip-sample contact Increase the scan size to

obtain a more stable image and then go back to the initial scan size.

The proteins layer is not stable over the measurement Increase the value of the setpoint
amplitude to reduce the applied force. If the force is too high the protein could be damage or
displaced laterally. It is also recommended to increase the scan rate to reduce the contact time.

Tip contamination High resolution images require the very sharp and stable (mechanical and
chemical) tips and the optimization of the imaging parameters. Sometimes the tip’s performance
improves during the imaging process. If the resolution of the image is good but some small
features are not resolved, it is advice to keep imaging with the same tip. When a tip fails to
resolve the main features of the biomolecule (~10 nm) it is advised to change it or expose it to
UV light for ~30 min.

Optimization of topography and Young’s modulus channel During bimodal AM-FM

imaging the quality of the topography measurement could be affected by the parameters of the
2" mode. The signal to noise-ratio obtained in the 2" mode image should be optimized to get
high resolution contrast. This optimization step might affect the quality of the height image in

the 1t mode. A balance between the contrast in both modes must be reached.

Anticipated Results

These protocols show how bimodal AM-FM generates high resolution images of the elastic
modulus and the true topography of soft matter surfaces. The elastic modulus, deformation and
topography images are obtained simultaneously. The method allows to measure the elastic
response of a wide modulus range of materials from soft biomolecules in their native
environments to rigid surfaces. Here bimodal AFM has been applied to measure polymeric and
biological samples, such as PS-b-PMMA block copolymer, purple membrane and 20S
proteasome. Those samples are representative of many soft matter interfaces. The measurements
are performed by exciting the cantilever with two signals tuned to 1% and the 2" mode
frequencies. Two feedback loops control the imaging process. One keeps the amplitude of the

1% mode at a fixed value (AM) while the other keeps the phase shift of the 2" mode at a
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constant value (FM). Those loops provide an apparent image of the topography and a frequency
shift map. Those signals are transformed into Young’s modulus, deformation and true

topography images by using a theoretical framework (Equation 5,6,11).

From these results, we show that the structural and catalytic units of the 20S proteasome have
different Young’s modulus. We also report local changes of the Young’s modulus across the
protein loops joining the a-helix domains in the protein forming the purple membrane structure.
The wide application range of the method is illustrated by identifying the regions of a block
copolymer according to the Young’s modulus values. The spatial resolution of the elastic

modulus maps on soft matter samples (1 MPa to 5 GPa) is of 1 nm.
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